Mechanisms of immune suppression in peripheral tissues counteract protective immunity to prevent immunopathology and are coopted by tumors for immune evasion. While lymphatic vessels facilitate T cell priming, they also exert immune suppressive effects in lymph nodes at steady-state. Therefore, we hypothesized that peripheral lymphatic vessels acquire suppressive mechanisms to limit local effector CD8 + T cell accumulation in murine skin. We demonstrate that nonhematopoietic PD-L1 is largely expressed by lymphatic and blood endothelial cells and limits CD8 + T cell accumulation in tumor microenvironments. IFNγ produced by tissue-infiltrating, antigen-specific CD8 + T cells, which are in close proximity to tumor-associated lymphatic vessels, is sufficient to induce lymphatic vessel PD-L1 expression. Disruption of IFNγ-dependent crosstalk through lymphatic-specific loss of IFNγR boosts T cell accumulation in infected and malignant skin leading to increased viral pathology and tumor control, respectively. Consequently, we identify IFNγR as an immunological switch in lymphatic vessels that balances protective immunity and immunopathology leading to adaptive immune resistance in melanoma.
Introduction
Lymphatic vessels compose a hierarchical vasculature that facilitates the unidirectional transport of fluid and cells from peripheral, blind-ended capillaries through collecting vessels to lymphatic sinuses in secondary lymphoid organs (Stacker et al., 2014) . Lymphatic vessels transport antigen and dendritic cells (DCs) to LNs to prime naive T cells following peripheral tissue viral infection (Allan et al., 2006; Bedoui et al., 2009; Loo et al., 2017) and remain the main route of DC migration and de novo immune priming in tumors (Lund et al., 2016b; Roberts et al., 2016) . Consistent with the role for lymphatic vessels in de novo adaptive immunity, lymphatic vessel density (LVD) in primary tumors of colorectal patients positively correlates with intratumoral CD8 + T cell infiltrates (Mlecnik et al., 2016; Bordry et al., 2018) , and similarly, work in mouse models demonstrates a causal relationship between tumor-associated lymphangiogenesis and intratumoral inflammation (Lund et al., 2012 (Lund et al., , 2016b Alitalo et al., 2013; Fankhauser et al., 2017) leading to improved response to immunotherapy (Fankhauser et al., 2017) . Thus, lymphatic transport shapes inflammatory and immune microenvironments in solid tumors (Lund, 2016) .
Rather than acting as passive conduits, however, lymphatic capillaries are responsive to their inflamed tissue microenvironment (Vigl et al., 2011) and remodeled in infected, inflamed, and neoplastic tissue (Lund et al., 2016a) . In infected skin, type I IFN remodels lymphatic capillaries and rapidly shuts down fluid transport leading to viral sequestration (Loo et al., 2017) ; sustained inflammation following Yersinia pseudotuberculosis infection induces collecting lymphatic vessel leakage leading to insufficient DC migration to LNs and poor immunity (Fonseca et al., 2015) ; and lymphatic transport is elevated from tumors early, before metastatic seeding (Ruddell et al., 2015) , but decreases with tumor progression (Rohner et al., 2015) . Furthermore, lymphatic endothelial cells (LECs) are activated by inflammatory cytokines and elevated interstitial fluid flows, increasing expression of chemokines and adhesion molecules necessary for DC trafficking (Johnson et al., 2006; Miteva et al., 2010) . Consequently, peripheral lymphatic capillaries tune their transport function (fluid and cellular) in response to inflammatory cues with functional consequences for tissue inflammation and immunity.
Interestingly, beyond their bulk transport properties, LECs that compose lymphatic sinuses in LNs exhibit unique, intrinsic immunological activity that can both facilitate and suppress adaptive immune responses. In vaccine models, LN LECs scavenge and archive antigen to support future memory responses (Tamburini et al., 2014) , while in tumor-draining LNs (tDLNs), LECs, rather, cross-present scavenged tumor antigens leading to dysfunctional T cell priming (Lund et al., 2012; Hirosue et al., 2014) . Furthermore, at steady-state, LECs constitutively express the coinhibitory molecule programmed death-ligand 1 (PD-L1) and maintain CD8 + T cell tolerance through Aire-independent, promiscuous expression of peripheral tissue antigens (Cohen et al., 2010; Tewalt et al., 2012) and inhibit T cell proliferation through production of nitric oxide (Lukacs-Kornek et al., 2011) . Thus, LN LECs are thought to be critical players in the maintenance of peripheral tolerance to self-antigen, specifically within the unique microenvironment of LNs at steady-state (Cohen et al., 2010 (Cohen et al., , 2014 Lukacs-Kornek et al., 2011; Tewalt et al., 2012; Rouhani et al., 2015) . Whether the LECs that compose lymphatic capillaries in peripheral, nonlymphoid tissues acquire similar functionality, however, is unclear. Two reports indicate that tissue inflammation induces PD-L1 expression on LECs in skin (Vigl et al., 2011) and orthotopic, implanted tumors (Dieterich et al., 2017) , suggesting that peripheral LECs may acquire similar immunological function. The functional relevance of peripheral LEC PD-L1 expression in vivo, however, remains unknown.
Tumors use multiple mechanisms to evade host immunity, including the expression of coinhibitory molecules, such as PD-L1, that limit T cell effector function in tumor microenvironments. Melanoma exhibits robust responses to immune checkpoint blockade as a result of significant CTL infiltrates that secrete IFNγ and activate expression of PD-L1 in tumors (Spranger et al., 2013) . This phenomenon, termed adaptive immune resistance (Ribas, 2015) , protects tumor cells from CTL-mediated killing through PD-L1-dependent inhibition of TCR signaling (Juneja et al., 2017) . In addition to PD-L1 expression by tumor cells, however, recent work highlights the role of host hematopoietic cells in PD-L1-dependent T cell exhaustion in mouse (Lin et al., 2018; Tang et al., 2018) and human studies (Herbst et al., 2014) , indicating that tumor microenvironments contribute to CTL exhaustion. Importantly, in nonmalignant settings, expression of PD-L1 by host cells serves to protect tissue from excessive immune-mediated damage and mediate return to homeostasis (Mueller et al., 2010; Frebel et al., 2012) , and nonhematopoietic cells play a key tissue-protective role in chronic inflammation (Scandiuzzi et al., 2014) and chronic viral infection (Mueller et al., 2010; Frebel et al., 2012) . The functional significance of a nonhematopoietic PD-L1 source in tumors, however, has not been demonstrated.
Herein we demonstrate that peripheral lymphatic vessels are exquisite sensors of interstitial IFNγ in tumor and inflamed microenvironments and initiate immune suppressive programs that functionally limit the further accumulation of CTLs. At least one component of this response is expression of PD-L1, and we demonstrate that nonhematopoietic cells contribute to local, PD-L1-dependent, effector CD8 + T cell control. Importantly, we demonstrate that, when lacking IFNγR, peripheral lymphatic vessels fail to express PD-L1 in response to CTL infiltration, and as a consequence, CTL function in tumor microenvironments is improved. Thus, using both acute cutaneous viral models and multiple tumor models, we demonstrate that lymphatic vessels balance protective CD8 + effector T cell immunity and immunopathology and identify the tumor-associated lymphatic vasculature as a critical component of tumor microenvironment-mediated control of effector, anti-tumor immunity.
Results
Nonhematopoietic PD-L1 limits the accumulation of cytotoxic CD8 + T cells in melanoma Immune checkpoint blockade, including antibodies targeted against PD-L1, is achieving unprecedented clinical responses (Topalian et al., 2012; Wolchok et al., 2013; Herbst et al., 2014) . The toxicity associated with treatment, however, necessitates the identification of predictive biomarkers that would target a patient population most likely to respond. Though patients with PD-L1 + tumor cells are enriched for responders, PD-L1 − patients also respond (Robert et al., 2015; Ribas et al., 2016) , indicating that additional cellular players and potentially other anatomical locations contribute to patient response and should be explored further. Recent work highlights the role of host and, in particular, hematopoietic, PD-L1 expression in tumor-associated T cell exhaustion in mice (Lin et al., 2018; Tang et al., 2018) and stratification of patient response in humans (Herbst et al., 2014) ; however, whether nonhematopoietic, nontumor sources of PD-L1 additionally contribute to intratumoral mechanisms of T cell control remains unexplored. Importantly, nonhematopoietic expression of PD-L1 contributes to immunopathology during chronic viral infection (Mueller et al., 2010) and DSS-induced colitis (Scandiuzzi et al., 2014) , and PD-L1 expression by LN LECs maintains peripheral tolerance at steady-state (Tewalt et al., 2012) . We therefore asked whether PD-L1 expressed by nontumor, nonhematopoietic stromal cells functionally inhibits CD8 + T cell responses within tumor microenvironments. To ask this question, we generated PD-L1 −/− bone marrow chimeras by lethal irradiation of WT or PD-L1 −/− mice and reconstitution with either WT or PD-L1 −/− bone marrow (reconstitution >80%; Fig. 1 A) . B16F10 tumors were implanted in reconstituted mice and analyzed at endpoint. While there was no significant change in tumor growth compared with controls ( Fig. 1 B) , consistent with the poor sensitivity of B16F10 tumors to single agent PD-L1 blockade (Kleffel et al., 2015) , both hematopoietic and nonhematopoietic chimeras accumulated more activated CD44 + CD8 + T cells ( Fig. 1 C) with increased expression of the effector molecule PD-1 (Fig. 1 D) and the core-2 O-linked glycosylation motif required for effector trafficking (1B11; Fig. 1 E; Nolz and Harty, 2014) , demonstrating that PD-L1 expressed by both tumor-infiltrating leukocytes and tumor-resident, nonhematopoietic stromal cells limits effector CD8 + T cell accumulation in tumor microenvironments.
Importantly, however, CD8 + T cells in tDLNs (Fig. S1 , A and B) and spleens (Fig. 1, F and G) exhibited a more activated phenotype with elevated PD-1 and 1B11 in hematopoietic but not nonhematopoietic chimeras, indicating that some of the intratumoral effect observed in hematopoietic chimeras may result from recruitment of activated systemic populations rather than release of intratumoral immune suppression. Consistent with these data and a role for hematopoietic PD-L1 in priming (Mueller et al., 2010) , CD103 + -migratory and CD8α + -resident cross-presenting DCs expressed higher levels of PD-L1 in tDLNs as compared with contralateral, nondraining controls (Fig. S1 C), while no change was observed in constitutive expression by nonhematopoietic LN stromal cells ( Fig. S1 D) . Thus, to specifically determine the relative contribution of nonhematopoietic and hematopoietic PD-L1 within tumor microenvironments, independent of expanded systemic pools, we transferred ex vivo-activated (CD44 + PD-1 + ), effector OT-I TCR-Tg CD8 + T cells, whose TCR is MHC class I-restricted to the immunodominant peptide (H2K b -OVA 257-264 ) of OVA, into tumor-bearing chimeras. Increased B16F10.OVA tumor control was observed following adoptive transfer in both chimeras (Fig. 1, H and I), indicating that both hematopoietic and nonhematopoietic PD-L1 limit T cell-mediated tumor control locally.
Given the poor responsiveness of the B16F10 model to single agent PD-L1 therapy, we sought to confirm the role of nonhematopoietic cells in a PD-L1-sensitive murine melanoma model. Lethally irradiated WT or PD-L1 −/− mice were reconstituted with WT or PD-L1 −/− bone marrow generating WT into WT (W-W; black, controls), WT into PD-L1 −/− (W-P; red, nonhematopoietic PD-L1 −/− ), and PD-L1 −/− into WT (P-W; blue, hematopoietic PD-L1 −/− ) chimeric mice. (B) B16F10.OVA tumor growth in PD-L1 −/− bone marrow chimeric mice. Average tumor volume ± SEM, n > 8. (C-G) W-P or P-W PD-L1 −/− chimeras compared with W-W controls. (C) Intratumoral CD8 + T cells (%CD45). (D and E) PD-1 (D) and 1B11 (E) expression by intratumoral CD8 + T cells. (F and G) PD-1 (F) and 1B11 (G) expression by CD8 + T cells in spleens. (H and I) In vivo generated effector OT-I TCR-tg CD8 + T cells were transferred into B16F10.OVA tumor-bearing PD-L1 chimeric mice. Tumor growth (H) and final volume (I) of PD-L1 −/− chimeric mice. Average tumor volume ± SEM, n ≥ 5. (J) YUM MER1.7 tumor growth in W-W and W-P PD-L1 −/− chimeric mice. Average tumor volume ± SEM, n = 5. Each point represents one mouse; bars indicate the mean. One-way ANO VA corrected for multiple comparisons (C-I). One-way ANO VA corrected for multiple comparisons (B, H, and I) or Student's t test (J) performed on average slope and variance of individual tumor growth curves. *, P < 0.05; ***, P < 0.001. YUMM1.7 cells were generated from genetically engineered murine melanomas (Braf V600E ;Pten −/− ;Cdkn2a −/− ) and subsequently treated with three rounds of ultraviolet B radiation to generate YUM MER1.7 cells that exhibit increased somatic mutation burden, sensitivity to single agent immune checkpoint blockade (Meeth et al., 2016; Wang et al., 2017) , and regress in PD-L1 −/− mice ( Fig. S1 E) . We implanted YUM MER1.7 cells into WT and nonhematopoietic PD-L1 chimeras to determine whether loss of stromal nonhematopoietic PD-L1 was sufficient to increase tumor control. While YUM MER1.7 tumors grew out in WT-into-WT mice, tumors entered stasis 10 d after implantation in mice lacking nonhematopoietic PD-L1 ( Fig. 1 J) . Interestingly, since tumors regress in full PD-L1 −/− mice ( Fig. S1 E) , these data are consistent with the hypothesis of synergistic or at least additive effects of hematopoietic and nonhematopoietic PD-L1 in mediating intratumoral T cell exhaustion. As such, in addition to the known role for hematopoietic PD-L1 (Lin et al., 2018; Tang et al., 2018) , PD-L1 expression by nonhematopoietic stromal cells contributes to functional suppression of CD8 + T cell accumulation within tumor microenvironments and subsequent tumor control. Furthermore, these data collectively indicate that the functional relevance of nonhematopoietic PD-L1 expression is revealed in the presence of potent, anti-tumor immunity.
LECs and blood endothelial cells (BECs) express PD-L1 in primary murine melanomas and inflamed skin Given the functional significance of the nonhematopoietic stroma in PD-L1-mediated T cell suppression, we investigated nonhematopoietic PD-L1 expression in various tumor microenvironments. We generated single-cell suspensions from naive skin, B16F10, MC38, YUMM1.7, and YUM MER1.7 tumors and identified CD45 − CD31 + tumor-associated LECs (gp38 + ), BECs (gp38 − ), and a CD45 − CD31 − gp38 + stromal population by flow cytometry (Fig. 2 A) . Tumor-associated LECs (Fig. 2 B) and BECs (Fig. 2 C) were the highest PD-L1 expressers across tumor models, while gp38 + stromal cells ( Fig. 2 D) were largely negative, with the exception of YUM MER1.7 tumors. Interestingly, BECs constitutively expressed PD-L1 in skin, while LEC expression was dependent on tumor context and demonstrated variable expression as a function of their local microenvironment (Fig. 2 , B and C). Notably, the highest expression for all cell types was observed in PD-L1sensitive YUM MER1.7 tumors. We next asked whether PD-L1 expression by LECs was unique to tumors or rather a tissue-based response to local inflammation. Using three different models of cutaneous inflammation, cutaneous infection with Vaccinia virus (VacV; scarification), delayed-type hypersensitivity (DTH; DNFB sensitization), and imiquimod-induced psoriasis, we evaluated LEC PD-L1 expression at sites local and distal to inflammatory challenge. In all models, inflammation enhanced expression of PD-L1 by LECs in affected ( Dermal LEC PD-L1 is induced by interstitial, antigen-specific CD8 + T cell immunity Given the observation that LEC PD-L1 expression was tuned in tumor microenvironments correlating with increasing CD8 + T cell infiltration ( Fig. S2 D) , we hypothesized that LECs may be directly responsive to infiltrating antigen-specific CD8 + T cells. Due to the robust induction of PD-L1 on LECs in VacV-infected skin 7 d after infection ( Fig. 2 E) , we used this model for kinetic analysis of EC PD-L1. Flow cytometric analysis of dermal endothelial populations in infected ears at days 0, 3, 7, and 10 after infection revealed peak LEC (100-fold) and BEC (2.5-fold) PD-L1 expression 7 d after infection ( Fig. 3 A) , concomitant with dermal infiltration of antiviral CD8 + T cells (Hickman et al., 2013; Loo et al., 2017) . Depletion of both CD4 + and CD8 + T cells during the first 7 d of infection significantly reduced, but did not eliminate PD-L1 expression by LECs ( Fig. 3 B) , indicating that T cells are sufficient, but perhaps not necessary to induce LEC PD-L1 expression. This LEC adaptation to infiltrating immunity is reminiscent of mechanisms of adaptive immune resistance described in tumors (Ribas, 2015) , therefore we hypothesized that boosted T cell infiltration into tumor microenvironments with low PD-L1 expression would switch on analogous programs of LEC-mediated immune resistance.
To boost a tumor-specific CD8 + T cell response and directly interrogate its effect on LECs, we used a vaccination strategy (attenuated Listeria monocytogenes; LM) that induced either nonspecific (LM) or specific (LM-OVA) CD8 + T cell immunity against the model tumor antigen, OVA. As expected, vaccination with LM-OVA slowed B16F10.OVA tumor growth compared with LM-infected or uninfected mice ( Fig. 3 C) and boosted the number of total tumor-infiltrating (Fig. S2 E) and H2-K b -restricted, OVA 257-264 (SII NFE KL)-specific CD8 + T cells ( Fig. 3 D) . Specific up-regulation of PD-L1 by LECs in tumor microenvironments ( Fig. 3 E) , and not contralateral skin ( Fig. S2 F) , and when using LM expressing OVA, and not without, is consistent with a requirement for local antigen recognition. It is likely that antigen recognition is both required for the continued accumulation of these antigen-specific cells at the tumor site and elevated IFNγ. To further test this hypothesis, we adoptively transferred in vitroactivated effector OT-I TCR-Tg CD8 + T cells into tumor-bearing mice. Analysis of tumor-associated LECs 4 d later revealed elevated expression of PD-L1 with transfer relative to steady-state tumors ( Fig. 3 F) , indicating local antigen-recognition by CD8 + T cells was sufficient to activate regional LECs.
Accumulation of antigen-specific T cells and local TCR activation boosts IFNγ concentrations in tumors ( Fig. S2 G) , which activates PD-L1 expression through the JAK/STAT pathway (Garcia-Diaz et al., 2017) . Neutralization of IFNγ either during the first 7 d of viral infection ( Fig. 3 G) or 2 wk of tumor growth ( Fig. 3 H) resulted in reduced levels of LEC PD-L1. To investigate whether effector T cells directly activate LECs and induce PD-L1 expression via secretion of IFNγ, naive or in vitro-activated CD8 + T cells were cultured overnight with murine immortalized LECs (iLECs) in the presence or absence of a semipermeable transwell membrane and IFNγ-blocking antibody. In vitro-activated but not naive CD8 + T cells induced PD-L1 expression on LECs dependent on IFNγ and independent of direct cell-cell contact (Fig. 3 I) .
Furthermore, IFNγ was sufficient to induce PD-L1 expression in ex vivo murine LECs in a STAT1-and IFNγR-dependent manner ( Fig. 3 J) and also in primary human LECs ( Fig. 3 K) . Consequently, LECs are sensitive to cytotoxic immunity and express PD-L1 in response to IFNγ and local antigen recognition by infiltrating T cells.
IFNγ signaling in lymphatic vessels limits cutaneous anti-viral immunity
We hypothesized that the IFNγ-responsiveness of cutaneous lymphatic vessels might represent a tissue-resident mechanism of immune control that functions to balance protective immunity with immunopathology such that the accumulation of cytotoxic T cells switches on compensatory mechanisms of immune resolution. To disrupt this crosstalk, we generated mice whose LECs were insensitive to IFNγ by crossing IFNγR f/f mice with mice expressing Cre recombinase under control of the lymphatic-specific, lymphatic vessel endothelial hyaluronan receptor 1 (LYVE1) promoter (IFNγR ΔLYVE1 ). At steady-state, we found no gross change in cutaneous lymphatic vessel structure and density (Fig. S3 , A and B), and LN LECs harvested from IFNγR ΔLYVE1 mice failed to phosphorylate STAT1 (Fig. S3 C) following IFNγ stimulation, demonstrating the efficiency of the Cre. Macrophages and DCs, as well as other LN stromal cells, including BECs and fibroblastic reticular cells (FRCs) maintained their ability to phosphorylate STAT1 following IFNγ stimulation ( Fig. S3 D) , indicating specificity of the Cre. Importantly, constitutive PD-L1 expression by LN LECs remained unchanged ( Fig. S3 E) . Interestingly, though previous work indicated that IFNγ was required to limit nodal lymphangiogenesis, we found no gross differences in LN LYVE1 + lymphatic structures at steady-state ( Fig. S4, A and B) or when draining implanted melanomas ( Fig. S4 C) or VacV-infected skin (Fig. S4 D) .
We therefore used this model to ask whether loss of IFNγ sensitivity by peripheral lymphatic vessels (IFNγR ΔLYVE1 ) impacted pathology associated with infection and accumulation of anti-viral immunity. Importantly, LEC IFNγR was required for in vivo expression of PD-L1 7 d after infection ( Fig. 4 A) , while no change was observed in expression by BECs or CD45 + leukocytes (Fig. S5 , A and B). Loss of IFNγR resulted in a reduction of LYVE1 + but not podoplanin + structures in infected skin (Fig. 4 , B-D). As LYVE1 can be variably expressed on lymphatic vessels and internalized in regions of active inflammation, these data seem to indicate regional differences in lymphatic vessel activation rather than changes in overall density.
Notably, 7 and 10 d after infection, we observed elevated pathology ( Fig. 4 E) in infected ears of IFNγR ΔLYVE1 mice as determined by overall ear thickness (Fig. 4 F) and significant increases in both epidermal (Fig. 4 G) and dermal thickness ( Fig. 4 H) . Total numbers of CD45 + leukocytes in infected ears were significantly elevated 7 d after infection ( Fig. 4 I) , while the accumulation of CD45 + leukocytes in skin as determined by immunohistochemistry (IHC) only trended up at day 10 ( Fig. 4 J) . We did not observe increased F4/80 + macrophage ( Fig. 4 K) or mast cell ( Fig. 4 L) accumulation in ears 10 d after infection that might explain these changes, but rather saw significant increases in CD4 + and CD8 + T cell infiltration at day 7 (Fig. 4, M and N) . To determine whether IFNγ signaling on LECs negatively regulated antigen-specific CD8 + T cell priming, we evaluated CD8 + T cells specific for the immunodominant epitope, H2-K b -restricted, B8R 20-27 (TSY KFE SV) in draining LNs (DLNs). 7 d after infection, the peak of T cell expansion, we observed no difference in priming ( Fig. 4 O) , consistent with normal expression of PD-L1 in lymphoid organs ( Fig.  S3 E) . Within infected tissue, however, there was a twofold enrichment for B8R 20-27 -specific CD8 + T cells in ears of IFNγR ΔLYVE1 mice compared with littermate controls (Fig. 4 P) . It is noteworthy that the twofold enrichment in antigen-specific T cells doubles an already impressive number of T cells within a single infected ear from 10 × 10 4 to 20 × 10 4 . While we did not observe accelerated viral control ( Fig. 4 Q) , as the existing response is already effective at mediating viral clearance, these data taken collectively indicate that IFNγ-dependent adaptation of LECs to skin-infiltrating cytotoxic T cells and expression of PD-L1 functionally limits T cell accumulation that may dampen the pathological response (as determined by dermal and epidermal thickening) in tissue.
CD8 + T cells are correlated with and proximal to the lymphatic vasculature in primary human melanoma For IFNγ and PD-L1-dependent crosstalk between peritumoral lymphatic vessels and tumor-infiltrating CD8 + T cells to be functionally relevant, T cells must be proximal to lymphatic vessels in inflamed tissue microenvironments. Immunofluorescence analysis of CD3ε + T cell infiltrates in VacV-infected skin revealed both perilymphatic and intraluminal T cells in infected skin (data not shown), and our previous work demonstrated colocalization of T cells and lymphatic vessels in murine tumors (Lund et al., 2012) . We therefore sought to evaluate the correlation between cytotoxic T cells and lymphatic vessels and their spatial proximity in human primary melanomas. We first used a previously established lymphatic score (LS; based on transcript levels of VEG FC, PDPN, and LYVE1; Lund et al., 2016b) to stratify patients from publicly available cutaneous melanoma gene expression datasets of the Broad Institute's The Cancer Genome Atlas (TCGA). Across both primary and metastatic cutaneous melanoma samples, LS positively correlated with expression of gene transcripts associated with CTLs either as individual transcripts ( Fig. 5 A) or a composite score ( Fig. 5 B) . Samples stratified as LS hi exhibited a statistically significant increase in this T cell inflammation score ( Fig. 5 C) , a type II IFN score ( Fig. 5 D) , and expression of CD274 (PD-L1; Fig. 5 E) and IDO1 ( Fig. 5 F) , as compared with LS lo patients, indicating that patients enriched for high expression of lymphatic-associated genes were also enriched for more T cell inflammation and compensatory mechanisms of immune suppression. Importantly, though we found a correlation between LS and T cell inflammation, the strength of the relationship was not sufficient to allow LS-dependent prediction of inflammation, not surprisingly then indicating that other factors contribute to the inflamed status of primary cutaneous melanoma.
To validate the observation that tumor-associated lymphatic vessels correlate with infiltrating T cells, we performed multiplexed IHC (mIHC; Tsujikawa et al., 2017) using formalin-fixed paraffin-embedded (FFPE) human primary melanoma samples (Table S1 ). We simultaneously evaluated hematopoietic and nonhematopoietic components of tumor microenvironments ( Fig. 5 G) and performed spatial proximity analysis to calculate distance from tumor borders. CD8 + T cells ( Fig. 5 H) and lymphatic vessels ( Fig. 5 I) are restricted to the peritumoral stroma in primary melanoma samples, while blood vessels are evenly distributed between intra-and peritumoral regions ( Fig. 5 J) . The distance of each CD8 + T cell to the nearest blood vessel, lymphatic vessel, and tumor cell revealed proximity of all cellular components within the tumor periphery, with CD8 + T cells quantitatively closest to blood vessels ( Fig. 5 K) but with a significant population of T cells proximal to lymphatic vessels ( Fig. 5 L) . Importantly, and consistent with our transcriptional analysis, peritumoral LVD positively correlated with peritumoral CD8 + T cell density (Fig. 5 M) , establishing a correlation between lymphangiogenic tumor microenvironments and T cell infiltration in human melanoma.
Loss of IFNγ signaling on LECs drives CD8 + T cell-dependent tumor control and survival
Mechanisms of immune resolution are often coopted by tumors to mediate their immune escape. The enhanced CTL accumulation in virally infected skin ( Fig. 4) and proximity of tumor-infiltrating CD8 + T cells and tumor-associated lymphatic vessels ( Fig. 5 ) raised the possibility of lymphatic vessel-dependent T cell suppression in melanoma. While loss of nonhematopoietic PD-L1 was functionally significant in bone marrow chimera experiments ( Fig. 1) , we next asked whether LEC-specific adaptive immune resistance mediated by IFNγ and PD-L1 was relevant in tumor settings. We first implanted PD-L1-insensitive B16F10 (Kleffel et al., 2015) and YUMM1.7 (Meeth et al., 2016) tumors into IFNγR WT and IFNγR ΔLYVE1 mice. In these models, where PD-L1 blockade is ineffective, there was no change in PD-L1 expressed by tumor-associated LECs in IFNγR ΔLYVE1 mice compared with littermate controls (Fig. 6, A and B) , and subsequently tumor growth was unaffected (Fig. 6, C and D) . Our bone marrow chimera experiments indicated that the functional significance of LEC/T cell crosstalk might be revealed in the setting of more robust preexisting anti-tumor immunity, similar to PD-L1 blockade. Therefore, we looked at the response to LM-OVA vaccination in IFNγR WT and IFNγR ΔLYVE1 B16F10-bearing mice. Importantly, LM-OVA primed equivalent systemic OVA-specific responses in both mice ( Fig. 6 E) ; however, LECs failed to activate and up-regulate PD-L1 in IFNγR ΔLYVE1 mice (Fig. 6 F) , while PD-L1 expression on leukocytes and BECs was unchanged (Fig. S5, C and D) . Coincident with a failure to up-regulate PD-L1 expression on tumor-associated LECs, we observed improved tumor control with smaller tumors at endpoint (Fig. 6 G) and twofold enrichment of activated, intratumoral tumor-specific CD8 + T cells (Fig. 6 H) . Thus, antigen-specific T cells activate compensatory LEC-specific and IFNγR-dependent mechanisms of local immune control.
While these data demonstrate that, following a therapeutic boost in anti-tumor immunity, intratumoral T cell activity is limited by IFNγ signaling on lymphatic vessels, we were interested in determining whether lymphatic vessel-dependent T cell control might be functional in the absence of vaccination. We therefore implanted the immune checkpoint sensitive YUM MER1.7 cells into IFNγR WT and IFNγR ΔLYVE1 mice. Tumor-associated LECs extracted from YUM MER1.7 tumors in IFNγR ΔLYVE1 mice failed to up-regulate PD-L1 ( Fig. 6 I) , with no observed change in either lymphatic or blood vessel density (Fig. 6 , J-L). Analysis of YUM MER1.7 growth in IFNγR WT and IFNγR ΔLYVE1 mice revealed significant tumor control initiated 10 d after implantation, consistent with an adaptive immune response, leading to extended overall survival dependent on CD8 + T cells (Fig. 6, M and N) . We confirmed lymphatic vessel specificity of our result using an inducible Prox1: Cre T2 (IFNγR ΔiProx1 ). Ex vivo functional analysis confirmed the specificity and efficiency of the Prox1-inducible Cre (Fig. S3 , F-I). Consistent with our results in IFNγR ΔLYVE1 , YUM MER1.7 tumors implanted into IFNγR ΔiProx1 were controlled relative to Cre-negative mice, again initiating 10 d after implantation, leading to significantly improved overall survival (Fig. 6, O and P) . Thus, using two independent systems, we demonstrate that disruption of IFNγ signaling on tumor-associated lymphatic vessels relieves local immune suppression driving persistent and durable tumor-specific CD8 + T cell responses with similar kinetics to that observed in nonhematopoietic PD-L1 chimeras (Fig. 1 J) . These data support the hypothesis that the tumor-associated lymphatic vasculature induces IFNγ-dependent adaptive immune resistance with direct consequences for local, cytotoxic immunity in vivo. Collectively with our results in viral infection, we suggest that IFNγ-mediated activation of the lymphatic endothelium is a tissue-resident protective response limiting tissue damage that is coopted in tumor microenvironments for immune escape.
Discussion
Tissues balance immune activation and immune suppression to mediate rapid response to pathogenic challenge while simulta-neously preventing immunopathology and autoimmunity. At environmental barriers, such as skin, the balance between protection and tolerance is even more critical (Cannon et al., 1988) , and tumors that arise coopt mechanisms of tolerance to mediate their immune escape. The tissue-specific mechanisms that mediate the balance between immunity and tolerance, and specifically the relative contribution of circulating leukocytes and resident stromal cells, remains an open question.
While hematopoietic cells use multiple mechanisms to suppress cytotoxic T cell accumulation and function in tumor microenvironments, this report demonstrates that nonhematopoietic LECs also regulate immune microenvironments in melanoma. While lymphatic vessel transport is required for de novo priming and expansion of antigen-specific immunity (Lund et al., 2016b; Loo et al., 2017) , we show that lymphatic vessel adaptation to infiltrating cytotoxic CD8 + T cells induces compensatory, suppressive mechanisms that limit local effector function. We find that endothelial adaptation is mediated by IFNγ and part of a broader skin-intrinsic program activated across cutaneous pathologies, including acute viral infection, psoriasis, and DTH. IFNγ sensing by cutaneous LECs activates PD-L1 expression, which we demonstrate is functional within nonhematopoietic stromal cells in tumors. Importantly, LEC-specific loss of IFNγR, and therefore inhibition of the ability for lymphatic vessels to adapt to CTLs, results in elevated pathology following cutaneous infection and improved tumor control.
Interestingly, T cells and IFNγ are implicated as negative regulators of LN lymphatic sinus development and inflammation-induced LN lymphangiogenesis (Kataru et al., 2011) . Our analyses did not reveal significant changes in gross LVD in either LNs or skin in IFNγR ΔLYVE1 mice, perhaps indicating that T cell-mediated control of lymphangiogenesis is IFNγ-independent. Interestingly, recent work demonstrates that type I rather than type II IFNs regulate contraction of LN lymphangiogenesis and that type I IFN-induced PD-L1 expression in a subset of LN LECs protects these cells from apoptosis (Lucas et al., 2018) . The molecular mechanisms downstream of type I IFN and PD-L1 that mediate LEC survival, however, remain unclear. Notably, loss of IFNγR on LECs did not affect constitutive PD-L1 expression in LNs, and as such, we saw no changes in LN lymphatic structures at steadystate or during active inflammation and no changes in peripheral T cell priming. Similarly, in skin, we saw no difference in LVD; however, it is important to note that lymphatic vessels in highly inflamed regions of infected IFNγR ΔLYVE1 skin, but not adjacent normal, were negative for LYVE1. Inflamed lymphatic vessels were identified instead by their expression of podoplanin, thus leading to a reduction in LYVE1 + but not podoplanin + structures in IFNγR ΔLYVE1 -infected skin. Inflammation induces internalization of LYVE1 (Johnson et al., 2007) , and thus, loss of expression on LYVE1 + structures may be a readout of local inflammation. Additionally, however, it is possible that loss of LYVE1 on peripheral lymphatic vessels is IFNγR-dependent, and given the role of LYVE1 in DC transendothelial migration (Johnson et al., 2017) , this may be intriguing to investigate in the future.
IFNγ may be a common mechanism governing tissue homeostasis, immune resolution, and tumor immune evasion. Migratory DCs respond to IFNγ at steady-state and inhibit T cell priming as a mechanism of peripheral tolerance, and tumors recall this homeostatic program to prevent robust anti-tumor immune activity (Nirschl et al., 2017) . Our data further demonstrate that IFNγ-mediated crosstalk between the tumor-associated lymphatic vasculature and infiltrating CTLs has a negative impact on anti-tumor immunity. Thus, while IFNγ is critical for effector function within tumor microenvironments (Ikeda et al., 2002) , it may additionally signal to initiate programs of resolution and evasion where multiple cell types, both hematopoietic and nonhematopoietic, contribute. These mechanisms compete with cytotoxic activity in tumors and may partially explain the poor utility of IFNγ treatment in the clinic, where it was found to induce T cell suppression (Creagan et al., 1988; Osanto et al., 1989) . Importantly, while T cells are sufficient to activate IFNγ-dependent mechanisms of immune suppression, they are not necessary, and other IFNγ secreting cells, such as natural killer cells, may also contribute.
One component of IFNγ-driven immune evasion in tumors, termed adaptive immune resistance (Ribas, 2015) , is the expression of the immune checkpoint PD-L1. Several recent reports specifically demonstrate that loss of PD-L1 by either tumor cells or the host, into which those cells are implanted, results in improved tumor control (Juneja et al., 2017; Lin et al., 2018; Tang et al., 2018) , providing strong evidence that PD-L1 expressed by the tumor microenvironment is relevant for therapy. These studies, however, did not interrogate the role of nonhematopoietic, nontumor PD-L1 expression, leaving this question open. Similar to our data, the functional significance of loss of PD-L1 on one or more cellular components within the tumor microenvironment is highly dependent on the model chosen (Juneja et al., 2017) , indicating multiple, overlapping mechanisms that mediate immune escape. That the functional relevance of lymphatic vessel IFNγR was revealed only in immunogenic tumor models (YUM MER1.7) and when T cell-activating therapies (LM and adoptive T cell transfer) were administered to poorly immunogenic tumors (B16F10 and YUMM1.7) supports the model of adaptive immune resistance whereby infiltrating CTLs activate multiple mechanisms of local immune suppression (e.g., IDO, regulatory T cells, etc.) that ultimately feedback and limit their function. Importantly, growth of a variety of melanoma cell lines in mice whose lymphatic vessels lack IFNγR directly mirrors their sensitivity to PD-L1 blockade in vivo. Furthermore, while these adaptive mechanisms of suppression are activated in the presence of potent immunity, alternative mechanisms of tumor suppression are dominant in progressing, poorly immunogenic tumors. Notably, myeloid-targeted therapy effectively mobilized anti-tumor CTLs in checkpoint-insensitive YUMM1.7 tumors (Pan et al., 2017; Hoves et al., 2018; Perry et al., 2018) .
Our data importantly extend previously reported roles for nonhematopoietic PD-L1 in infection (Mueller et al., 2010; Frebel et al., 2012) and sterile inflammation (Scandiuzzi et al., 2014) to tumor microenvironments. During chronic lymphocytic choriomeningitis (LCMV) infection, nonhematopoietic PD-L1 delays viral clearance, but prevents overt immunopathology (Mueller et al., 2010) , where loss of PD-L1 on infected endothelium leads to barrier breakdown and fatal circulatory failure (Frebel et al., 2012) . LCMV importantly infects vascular endothelium, and as such, PD-L1 protects endothelial cells from cytotoxic killing. Here we demonstrate that loss of IFNγR and thus PD-L1 expression on LECs during acute viral infection increased VacV-specific CD8 + T cell accumulation in skin, leading to enhanced local pathology, though viral clearance was unaffected. Importantly, LECs are not directly infected in this model (Loo et al., 2017) ; however, it is unknown whether antigen-presentation is necessary for the observed PD-L1-dependent T cell control. In tumors, both tumor and myeloid cells express PD-L1 and their simultaneous presentation of antigen may also be required for PD-L1-dependent inhibition of CD8 + T cell effector function (Juneja et al., 2017) . While LECs are capable of scavenging and cross-presenting antigen to CD8 + T cells in vitro (Hirosue et al., 2014) and in vivo (Lund et al., 2012) and inhibition of PD-L1 on antigen-pulsed LECs in vitro enhances CD8 + T cell priming (Dieterich et al., 2017) , whether tumor-specific antigen presentation is required for effector CD8 + T cell control mediated by LEC PD-L1 in vivo remains unclear.
Alternatively, PD-L1 may function on nonhematopoietic cells to regulate lymphocyte migration across barrier tissues, both endothelial and epithelial. PD-L1 expressed on BECs inhibits transmigration in multiple sclerosis (Pittet et al., 2011) , loss of PD-L1 on corneal epithelium results in pathological CD8 + T cell infiltration and chronic dry eye disease (El Annan et al., 2010) , and PD-1 on islet-specific CD4 + T cells impairs pancreatic infiltration and diabetes onset in mice (Pauken et al., 2013) . Furthermore, normalizing doses of anti-angiogenesis therapy induced PD-L1 expression by tumor-associated blood vessels, leading to a synergistic response with PD-1 blockade and improved CTL infiltration into tumor parenchyma (Schmittnaegel et al., 2017) . Whether PD-L1 expressed on endothelial cells specifically regulates T cell transendothelial migration in the absence of simultaneous antigen presentation remains to be carefully studied in vivo.
Herein, we provide two lines of evidence to support in vivo functionality of nonhematopoietic LEC PD-L1. First, we generate bone marrow chimeras that lack PD-L1 expression on hematopoietic and nonhematopoietic cells to demonstrate that nonhematopoietic PD-L1 expression, in addition to expression by hematopoietic cells, influences intratumoral T cell activity. Second, we eliminate induction of PD-L1 expression in a cell-specific manner by preventing LEC response to IFNγ. Using two lymphatic-specific Cre recombinases, we demonstrate that loss of IFNγ sensitivity specifically in lymphatic vessels unleashes CD8 + T cell immunity within tumor microenvironments, leading to persistent tumor control. Furthermore, using the immunogenic melanoma cell line YUM MER1.7, we demonstrate that both loss of nonhematopoietic PD-L1 and loss of lymphatic vessel IFNγR exhibit similar patterns of tumor control, which initiate following T cell accumulation in tumors ∼10 d after implantation. It is still possible, however, that a broader program of IFNγ-dependent immune suppressive mechanisms contribute to the observed effects seen following lymphatic vessel-specific IFNγR deletion, and thus, further exploration of the cellular and molecular mechanisms regulated by IFNγ on peripheral lymphatic vessels is warranted.
Importantly, we observed systemic expansion of effector immunity in both PD-L1 −/− mice and those treated with antibodies blocking PD-L1. Loss of PD-L1 in the hematopoietic compartment was sufficient for systemic effects indicating that hematopoietic PD-L1 may function to limit T cell priming or expansion in response to tumor antigen presentation in DLNs, as is also seen in LCMV Clone 13 infection (Mueller et al., 2010) . Consistent with the hypothesis that new lymphocyte recruitment contributes to PD-L1-based therapies, administration of the small molecule FTY720, to prevent LN egress, inhibits α-PD-L1 therapy in tumor models (Tang et al., 2018) . We observe elevated PD-L1 expression on migratory, cross-presenting CD103 + DCs required for antigen-specific T cell priming in LNs draining murine melanoma (Roberts et al., 2016) , while nonhematopoietic PD-L1 expression in LN stromal cells (Tewalt et al., 2012) remains unchanged. Thus, our data, together with recently published work, indicate distinct roles and anatomical sites of action for hematopoietic and nonhematopoietic PD-L1 in the host response to tumors.
Finally, our data expand our model of lymphatic vessel contribution to anti-tumor immunity (Lund, 2016) . VEGF-C-driven tumor-associated lymphangiogenesis is correlated with increased intratumoral inflammation and immune suppression in progressing tumors (Lund et al., 2012) , but also generates tumor microenvironments more amenable to immunotherapeutic intervention (Fankhauser et al., 2017) . It is interesting to speculate that the suppressive mechanism elucidated here may explain the improved response to immune checkpoint blockade in lymphangiogenic tumors (Fankhauser et al., 2017) . While lymphatic vessels promote the recruitment and accumulation of T cell inflammation in tumor microenvironments, we show that their activation in this context generates negative feedback that, if inhibited, revives peripheral immune responses. As such, lymphatic vessels may be necessary for positive response to immune checkpoint blockade. Furthermore, and consistent with previous work demonstrating that LVD stratifies tumors with elevated tumor-infiltrating lymphocytes (Lund et al., 2016b; Mlecnik et al., 2016; Bordry et al., 2018) , we demonstrate that the lymphangiogenic tumor stroma in primary human melanoma accumulates significant CD8 + T cell infiltrates. It is important to note that our samples exhibited a dominant excluded infiltrate phenotype and thus our specific correlation with peritumoral infiltrates. Whether changes in LVD only predict peritumoral rather than intratumoral accumulation remains to be evaluated in larger cohorts. A broader range of T cell involvement in melanoma, however, is captured by TCGA analysis, which indicates correlation between lymphatic-specific genes and T cell inflammation across all tumors, though the geographic distribution of T cells is lost.
Our cumulative work now demonstrates that while the existing lymphatic vasculature is required for de novo T cell priming (Lund et al., 2016b; Loo et al., 2017) , the remodeled, inflamed peripheral lymphatic vasculature sequesters and inhibits effector immunity directly in peripheral tissue, leading to tumor progression and contributing to locoregional metastasis (Skobe et al., 2001; Pasquali et al., 2013) . Ultimately, though therapies targeting the suppressive tumor microenvironment can rescue anti-tumor immunity, tissues activate multiple compensatory mechanisms to limit effector T cell immunity, driving return to homeostasis and immune escape.
Taken altogether, the lymphatic vasculature, as a part of the nonhematopoietic tumor stroma, is an active barrier to the effector arm of anti-tumor immune responses. The lymphatic vasculature activates programs of adaptive immune resistance following accumulation of interstitial antigen-specific immunity, thus acting as a tissue-resident, immunological switch that balances immune function and damage. We propose that tissues provide a physical scaffold within which immune responses must exert their effector function and therefore are important regulators of local responses. It is interesting to speculate how, as this tissue microenvironment is altered by pathological state, environmental challenge, or age, regional immunity may be similarly altered. Consideration of these tissue-specific effects may provide critical insight into the heterogeneous responses observed across tissue and tumor sites (Reuben et al., 2017) and may provide unique biomarkers of therapeutic response and consequently new local targets for clinical intervention.
Materials and methods
Mice Specific pathogen-free C57BL/6J and B6 CD45.1 Pep Boy mice were purchased from The Jackson Laboratory. PD-L1 −/− were provided by H.O. Vandenbark (Oregon Health and Science University [OHSU], Portland, OR), and Prox1: Cre -ER T2 mice were provided by V.H. Engelhard (University of Virginia, Charlottesville, VA) in agreement with T. Makinen (Uppsala University, Uppsala, Sweden). Tg(TcraTcrb)1100Mjb/J (OT-I mice, stock no. 003831), Lyve1 (stock no. 012601), and IFNγR fl/fl (stock no. 025394) mice were purchased from Jackson, and all breeding was maintained at OHSU in specific pathogen-free facilities. All mice were previously backcrossed over 10 generations to the C57BL/6 background. Tyr: Cre -ER (stock no. 012328), Braf V600E (stock no. 017837), and Pten fl/fl (stock no. 006440) mice were purchased from The Jackson Laboratory and crossed in-house to generate Tyr::CreER;Braf CA/+ ;Pten fl/fl (BPC) mice for tumor induction. For all in vivo studies, sex-matched 8-10-wk-old mice were used with at least three to five mice per group. Bone marrow chimeras were sex-matched 16-20-wk-old mice. LNs from STAT1 −/− mice were donated by the T.J. Nice laboratory (OHSU, Portland, OR). All animal procedures were approved by and performed in accordance with the Institutional Animal Care and Use Committee at OHSU.
Cell lines B16F10 (stock no. CRL-6475; ATCC), B16F10.OVA murine melanoma, and MC38 murine adenocarcinoma cells (stock no. CRL-6475; ATCC) were passaged in DMEM (Invitrogen) supplemented with 10% FBS (Atlanta Biologicals) and 1% penicillin-streptomycin (Gibco). Yumm1.1, Yumm1.7 (Meeth et al., 2016) , and YUM MER1.7 were passaged in 1:1 DMEM: F -12 supplemented with 1% l-glutamate, 1% nonessential amino acids, 10% FBS, and 1% penicillin-streptomycin. iLECs (Hirosue et al., 2014) passaged in 1:1 low glucose DMEM/F12 (Gibco), supplemented with 20% FBS, 1% penicillin-streptomycin, Bovine endothelial cell growth supplement (10 µg/ml; BD Biosciences), heparin (56 µg/ml; Sigma-Aldrich), and IFNγ (100 ng/ml). Primary human LECs (lonza hmVEC-dLy, CC-2810) were cultured according to the manufacturer's recommendation.
Tumor studies 5 × 10 5 B16F10.OVA, MC38, YUMM1.7, or YUM MER1.7 tumor cells were implanted intradermal into the flank of mice. Tumor growth was measured daily using digital calipers to measure the long and short axis. Average diameters were used to calculate spherical volume. Tumors were harvested and digested with collagenase I and II (Gibco), collagenase IV (Gibco), or collagenase D (Sigma-Aldrich) for 30-60 min at 37°C. Digests were then passed through a metal screen and 70-µm pore filter. Enrichment for lymphocytes was performed using a Lymphoprep gradient (StemCell Technologies) according to the manufacturer's protocol.
LM infection
ActA-deficient LM was grown in tryptic soy broth (Sigma-Aldrich) supplemented with 50 µg/ml streptomycin (Sigma-Aldrich) at 37°C until OD600 = 0.1 (10 8 CFU/ml). 10 7 CFUs in 200 µl PBS were transferred intravenously into mice.
VacV infection
VacV expressing the recombinant antigen (VacV-GP33) was propagated in BSC-40 cells using standard protocols. Mice were infected cutaneously by 25 pokes with a 29-G needle following administration of 5 × 10 6 PFUs VacV in 10 µl PBS to the ventral side of the ear pinna (scarification). Virus is propagated using standard protocols. Ear thickness was measured by digital calipers.
Imiquimod-induced psoriasis
Psoriasis was induced using imiquimod, as previously described. Specifically, the back hair of C57BL6 mice was removed using an electric razor. Mice received a daily topical dose of 62.5 mg 5% Imiquimod Cream (Perrigo) or Cetaphil cream, as vehicle control, for 4 d. Mice were sacrificed, and skin was collected on day 5.
DTH
DTH was induced by application of DNFB solution (150 µl 0.5%) in acetone/olive oil (4:1) to shaved backs of mice. 4 d later, right ears were challenged with DNFB solution (20 µl of 0.3%), and left ears were treated with vehicle. Animals were sacrificed 2 d later.
Human melanoma samples 5-µm sections of archived FFPE of stage I and II human primary melanoma resections were obtained from the OHSU Knight Biolibrary and the OHSU Department of Dermatology research repository (Table S1 ). Acquisition and use of human samples was performed in accordance with the Institutional Review Board at OHSU.
Flow cytometry and antibodies
The following fluorescent dye-conjugated antibodies against surface and intracellular antigens were used: B2-20 (RA3-6B2; BioLegend), CD103 (2E7; BioLegend), CD106 (429; BioLegend), CD11b (M1/70; BioLegend), CD11c (N418; BioLegend), CD31 (MEC 13.3; BD Biosciences), CD3ε (145-2C11; BioLegend), CD4 (GK1.5; BioLegend), CD43 activation-glycoform (1B11; BioLegend), CD44 (IM7; Tonbo), CD45 (30-F11; BioLegend), CD45.1 (A20; BioLegend), CD45.2 (104; Tonbo), CD8 (53-6.7; Tonbo), CD90.1 (OX-7; BioLegend), F4/80 (BM8; BioLegend), I-A/I-E (M5/114.15.2; BD Biosciences), IFNγ (XMG1.2; Tonbo), PD-1 (29F.1A12), PD-L1 (MIH5; BD Biosceinces), podoplanin (8.1.1; BioLegend), pSTAT1 (612564; BD Biosciences), and TNFa (MP6-XT22; BioLegend). Single-cell suspensions were prepared from tumors by digestion with collagenase D (1 mg/ml; Sigma-Aldrich) and DNase (50 U/ml, for leukocyte extraction; Sigma-Aldrich) or collagenase IV (2200 U/ml; Worthington Biomedical) and DNase (50 U/ml, for endothelial cell extraction; Sigma-Aldrich). Whole-tissue suspensions were then generated by gently forcing the tissue through a wire mesh screen, then filtered through 70-µm pore nylon cell strainers. Leukocytes were enriched using Lymphoprep (StemCell Technologies) as per the manufacturer's instructions. Single-cell suspensions were stained and fixed with 2% paraformaldehyde. All data were acquired with a BD Biosciences Fortessa or LSR II flow cytometer and analyzed using FlowJo Software (TreeStar Inc.). Intracellular cytokine staining was performed as described above and fixed with BD Cytofix/ Cytoperm (BD Biosciences). All antibodies were obtained from BD Biosciences, BioLegend, or Tonbo Biosciences unless otherwise specified. H2-K b -restricted, B8R 20-27 , and Ova.SII NFE KL Tetramers were obtained from the National Institutes of Health tetramer core facility.
IHC and immunofluorescence
Immunofluorescence LNs were fixed in 1% paraformaldehyde (24 h at 4°C), transferred to 15% sucrose (overnight at 4°C), followed by 30% sucrose (overnight at 4°C), and then indirectly frozen in optimal cutting temperature compound (23-730-571; Thermo Fisher Scientific). 30-µm sections (Cryotome; Thermo Fisher Scientific) were blocked using 1:1 2.5% normal goat serum/2.5% BSA solution, and primaries were added for 2 h at room temperature. Sections were stained with secondary in 1.25% BSA for 1 h at room temperature, followed by incubation with DAPI nuclei stain (Thermo Fisher Scientific) for 5 min at room temperature. Slides were sealed with SlowFade Gold antifade reagent (Invitrogen) and imaged a Zeiss ApoTome.2 fluorescent microscope (Carl Zeiss) and processed using ZEN software (Carl Zeiss). Antibodies were as follows: CD3ε (550277; BD Biosciences), B220 (RA3-6B2; BioLegend), and LYVE1 (103-PA50; Reliatech); and anti-hamster A546 (A21111), anti-rabbit A488 (A21206), and anti-rat A647 (A21472) from Life Technologies.
IHC
Tissues were isolated from mice and fixed in 10% formalin for 24 h at room temperature. Tissues were dehydrated and then embedded in paraffin wax and cut in 7-µm sections. Heated citrate antigen retrieval was performed for 15 min (HK086; Bio-Genex). Sections were blocked with 2.5% BSA for 1 h at room temperature and then stained for 2 h with primary antibodies in 1.25% BSA at room temperature. Sections were stained with species-matched HRP-conjugated ImmPress polymers (VectorLabs) for 1 h at room temperature and visualized using Bajoran purple (SKU BJP811; BioCare Medical). Sections were imaged on a Leica Aperio Scanscope AT slide scanner and processed using Aperio Imagescope (Leica Biosystems). Antibodies were as follows: CD3ε (550277; BD Biosciences), B220 (RA3-6B2; BioLegend), LYVE1 (103-PA50; Reliatech), F4-80 (CL;A3-1; BioRad), CD45 (30-F11; BD Biosciences), and GP38 (AF3244; R&D Systems).
Image analysis of infiltrating leukocytes was performed using Aperio ImageScope software (Leica) and their Membrane Image Analysis algorithm to classify positive cells (+3) or by manual count (mast cells, F4/80 + , and vessels) in blinded samples and enumerated per length of tissue. Number of cells per length from two sections of each ear were averaged. Epidermal and dermal thickness were determined through direct measurement of epidermis at five places along length of ear. Two sections of each ear were averaged. Lymphatic and blood vessel density was determined by manual count in blinded samples per length of tissue or as percent positive pixel area in more than representative regions of interest per sample.
Bone marrow chimeras 8-12-wk-old recipient mice received two doses of whole-body radiation (500 rads and 450 rads, 4 h apart) using an x-ray irradiator. Bone marrow was isolated from hind limbs of donor mice and 5-10 × 10 6 cells injected intravenously into recipients. Mice were maintained on 2 mg/ml Ampicillin (Fisher Bioreagents) antibiotic water changed twice per week for 6 wk. Mice were bled to check for efficient chimerism (>80%) and enrolled in studies 8 wk after radiation.
T cell activation and adoptive transfer Spleens were passed through a 70-µm filter and lysed with ammonium-chloride-potassium lysis buffer. 5-6 × 10 6 splenocytes were plated in RPMI media (Gibco) supplemented with 10% FBS (Atlanta Biologicals) and 1% penicillin-streptomycin (Gibco). WT splenocytes were activated by plate-bound α-CD3 (10 µg/ ml; 145-2C11; Tonbo) and α-CD28 (2 µg/ml; 37.51; eBioscience) supplemented with 100 U/ml IL-2 (Peprotech) for 72 h at 37°C. OT-I splenocytes were stimulated with SII NFE KL (1 nM; Biosynthesis) supplemented with 100 U/ml IL-2 for 72 h at 37°C. Alternatively, T cells were activated in vivo following transfer of naive CD8 + TCR-tg OT-I T cells into WT mice and infection 1 d later with 10 7 CFU attenuated WT LM or LM expressing the cognate antigens ovalbumin (LM-OVA). Spleens were harvested on day 7 after LM infection, passed through 70-µm pore filter (VWR) and red blood cells lysed with ammonium-chloride-potassium lysis buffer. CD8 + effector T cells were isolated using EasySep Mouse CD8 + T cell isolation kit (StemCell Technologies) according to manufactures instructions. 10 6 activated CD8 + T cells were transferred into tumor-bearing mice by intravenous injection.
LN digestion protocol
Cervical, inguinal, axillary, brachial, and mesenteric LNs were harvested into digestion buffer (DMEM-pyruvate [41965-062; Gibco], 1% penicillin/streptomycin, 1.2 mM CaCl 2 , and 2% FBS, no β-mercaptoethanol) and capsule-teased apart with a 26-G needle. Single-cell suspensions were generated by sequential digestion with collagenase IV (220 U/ml) and DNase (>80 U/ml) followed by collagenase D (0.7854 U/ml) and DNase (>80 U/ml) as previously described (Lund et al., 2012; Hirosue et al., 2014) .
TCGA
Upper-quartile normalized RNaseq by expectation maximization (RSEM) expected counts from the TCGA were taken from the Broad Institute Firehose and clinical variables taken from the UCSC Genome Browser. Non-glabrous melanoma samples (n = 231) representing primary cutaneous (n = 103), regional cutaneous metastases (n = 74), and distant metastasis (n = 54), but not regional LN metastases, were extracted and log-transformed for analysis. Scores were calculated as the first principal component of each gene set: LS, VEG FC, LYVE1, and PDPN; T cell inflammation score: CD8A, CCL2, CCL3, CCL4, CXCL9, CXCL10, ICOS, GZMK, IRF1, HLA-DMA, HLA-DMB, HLA-DOA, and HLA-DOB (Spranger et al., 2015) ; type II IFN score: IFNΓ, STAT1, CCR5, CXCL9, PRF1, HLA-DRA, CXCL10, CXCL11, IDO1, and GZMA (Ayers et al., 2017) . LS was stratified to high and low cohorts LS lo (< mean − 0.5 × SD; n = 71), LS hi (> mean + 0.5 × SD; n = 68).
mIHC Sequential chromogenic IHC was performed as previously described (Tsujikawa et al., 2017) , using a modified protocol. In brief, 5-µm FFPE tissue sections of human primary melanoma were deparaffinized and subsequently stained with hematoxylin (GHS116; Sigma-Aldrich) to visualize nuclei. Following whole-tissue scanning using Aperio ImageScope AT (Leica Biosystems), heat-mediated antigen retrieval in antigen retrieval Citra Plus solution (HK080-9K; BioGenex) was performed. Subsequent iterative cycles of standard IHC were performed using primary antibodies against CD8 (C8/144B; Thermo Fisher Scientific) and CD31 (JC70A; Dako) or CD34 (QBEnd-10; Thermo Fisher Scientific), podoplanin (D2-40, Covance), and S100 (antibody cocktail; Biocare Medical), followed by detection with ImmPress IgG-polymerized peroxidase reagents (Vector Laboratories) and visualization with AEC (Vector Laboratories). After whole-tissue scanning, AEC was removed using ethanol, antibody was stripped in heated citrate buffer, and the next staining cycle with the next primary antibody was performed. Tissues were treated with 10% H 2 O 2 (Fisher Chemical) for 10 min at 60°C immediately after deparaffinization to remove pigmentation.
Image processing
Serial digitized images were processed using a computational image analysis workflow described previously (Tsujikawa et al., 2017) to align and visualize several markers simultaneously in a single pseudo-colored image. From whole-tissue serial images, rectangular regions of interest (ROI) with an area of 6.25 mm 2 were selected based on quantitative analysis of CD8 + cell-density. One to three high-density CD8 + T cell ROIs that included both stromal tissue and tumor parenchyma were chosen from each patient sample for analysis. Images of nuclei, CD8, CD31 or CD34, podoplanin, and S100 staining were processed to obtain quantitative and spatial information of staining intensity on a single-cell level and analyzed using FCS Express 5 Image Cytometry Version 5.01.0080 (De Novo Software).
Tumor segmentation masks to distinguish intratumoral and peritumoral regions were generated from the images of cell nuclei and the tumor marker S100 of the same tissue region. The segmentation pipeline is a succession of thresholding and mathematical morphology operations: first, the nuclei image is used to define the parts of the image covered by tissue using triangle thresholding. S100-positive areas are detected within the ROI by computing an alternate sequential filter (a succession of opening and closing with structuring elements of increasing sizes), followed by a triangle thresholding, and a cleaning with closing and opening operations which fill gaps and holes and remove artifacts to generate a black and white mask for the image region covered by tumor.
Vessel segmentation
Whole-vessel segmentation was performed using Otsu's method to segment blood and lymphatic vessels based on the intensity of CD31 + or CD34 + and podoplanin + staining. Blood vessels were defined as CD31 or CD34 single positive, and lymphatic vessel masks were generated using the intersection of masks generated from podoplanin staining with CD31 masks or when staining with CD34, from podoplanin staining alone. The segmentation masks were refined with morphological operation such as closing operation, i.e., dilation, followed by erosion using the same structuring element for both operations. Endothelial cell type was identified based on mIHC marker expression using image cytometry analysis, and vessel annotation was refined using the identified endothelial cell types and their location data; the image analysis output and threshold values from image cytometry were used to identify endothelial cells. The most frequent endothelial cell type within the individual segmented vessels was determined, and vessel type was reannotated based on the most frequent cell types in the segmented region. Finally, vessel segmentation and annotation was validated by visual assessment by an investigator to exclude objects falsely annotated as vessels due to unspecific staining, background, or errors in annotation overlooked by the automated procedure described above.
Extraction of spatial proximity and distance measurements CD8 + T cell positional data were used to measure distance from each individual T cell to the annotated vessels and tumor border. Using the Quickhull Algorithm for Convex Hulls, "dsearchn" function in MAT LAB R2016, the shortest distance between T cell centroids and the boundary of the vessel segmentation mask was measured to determine T cell distance to vessels within peri-and intratumoral regions, respectively. Similarly, the shortest distance between T cell centroids or centroid of the vessels segmentation masks to the tumor border (boundary of the tumor tissue segmentation mask) were determined.
Statistical analysis
Statistical analyses were performed using GraphPad (Prism). In all cases, parametric or nonparametric Student's t test (two groups) or one-way ANO VA for multiple pairwise testing (more than two groups) were performed as indicated. Changes in tumor growth were determined following approximation of linear regression and comparison of mean slope and variation. Analysis of survival was performed using Mantel-Cox test. P < 0.05 was considered significant in all studies, indicated by asterisks. All experiments were performed independently two to three times, and data were presented as cumulative or representative data as indicated. Details may be found in each figure legend.
Online supplemental material Fig. S1 presents data demonstrating systemic role of hematopoietic PD-L1. Fig. S2 demonstrates PD-L1 expression in contralateral tissue sites. Fig. S3 provides control experiments demonstrating efficiency of the IFNγR Cre models. Fig. S4 demonstrates effects on LN lymphangiogenesis in IFNγR −/− models at steady-state and when draining sites of inflammation. Fig. S5 demonstrates in vivo Cre specificity. Table S1 provides demographic and clinical features for primary human melanoma cohort.
